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Abstract Blackwater peat swamps in Peninsular Malaysia support diverse aquatic species including 
cryptic and elusive taxa. However, extreme environmental conditions such as high acidity, turbidity and 
organic content hinder biodiversity monitoring, leaving these ecosystems largely understudied. 
Environmental DNA (eDNA) offers a non-invasive approach for species detection, thus providing a 
promising tool for biodiversity assessment. This study investigates the influence of water filtration volume 
and hydrological factors on DNA concentration in a blackwater peat swamp in Dungun, Terengganu. 
Water sampling was conducted between November and December 2023 at three substations—
designated as upper (A), middle (B) and lower (C) which spaced at 50-meter intervals with five replicate 
samples filtered from each substation. A total of 2L blackwater per station was filtered using a 0.45 µm 
mixed cellulose ester (MCE) membrane and an oil-free vacuum pump. eDNA was extracted using a 
modified DNeasy® Blood & Tissue Kit, quantified with a NanoDrop spectrophotometer and assessed 
through gel electrophoresis. Results showed that eDNA concentration varied significantly across stations 
and was influenced by the filtered water volume. The highest eDNA concentrations were recorded at the 
middle stretch (B1: 480 mL, 32.00 ng/μL; B2: 480 mL, 38.22 ng/μL), followed by the lower stretch (C1: 
460 mL, 14.00 ng/μL; C3: 400 mL, 11.00 ng/μL). Sample replicates with filtration volumes below 400 mL 
(A5, B4, B5, C4, C5) failed to yield detectable DNA, likely due to insufficient water filtration. Despite 
optimal filtration volumes (>400 mL), A1 (420 mL, 7.66 ng/μL) and C2 (450 mL, 9.10 ng/μL) exhibited low 
DNA concentrations, suggesting hydrological influences that resulted in localized accumulation or dilution 
of genetic material. Replicate B3 from Station B (400 mL, 19.50 ng/μL) recorded higher DNA compared 
to replicate C1 and C3 as this area has a moderate and consistent water flow which likely enhanced the 
dispersal of eDNA throughout the water column. Gel electrophoresis confirmed high molecular weight DNA 
in samples exceeding 400 mL, particularly in B1 and B2 which displayed the brightest bands. Statistical 
analysis (Spearman's ρ = 0.809, p = 0.005) revealed a strong positive correlation between filtration 
volume and eDNA yield. In conclusion, optimizing filtration volume and accounting for hydrological 
conditions are crucial for effective eDNA sampling, emphasizing the need for standardized protocols to 
improve biodiversity monitoring in blackwater peat swamp ecosystems. 
Keywords: Environmental DNA, Blackwater Peat Swamps, Water Filtration, DNA Extraction, Biodiversity 
Monitoring. 
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Introduction 
 
Environmental DNA (eDNA) is the genetic material which are released by the aquatic organisms through 
processes such as cell shedding, excretion or other external means [1, 2]. More specifically, exhalation 
or blow released by cetaceans at the water surface contains a mixture of respiratory tract cells mucus 
and fluids that are deposited onto the surrounding water [3]. This eDNA approach has gained a 
tremendous momentum in recent years of detecting the presence for targeted invertebrate and 
vertebrate species in freshwater environments [4], lakes [5], peat swamps [6] and marine ecosystems 
[7]. It serves as a  non-invasive tool for biodiversity assessment as it relies solely on the detection of 
short extracellular DNA fragments released into the environment [8]. Additionally, rare aquatic species 
in oceanic and lacustrine systems particularly benefit from this method especially in settings where 
conventional survey techniques are limited [9]. Findings from studies in aquaria and small pond 
environments indicate that eDNA also used to estimate population abundance [10]. 
 
Among the water bodies in the world, research on the detection of aquatic life using eDNA in blackwater 
ecosystems remains limited primarily due to the high turbidity of these environments [11]. Blackwater 
peat swamps are distinguished by their dark-coloured water which results from high concentrations of 
dissolved organic matter primarily humic acids derived from decaying plant material [12]. The blackwater 
peat swamp forests of Sundaland which encompasses Peninsular Malaysia, Borneo and Sumatra 
support a diverse and ecologically significant assemblage of fish species, many of which are highly 
valued in the international ornamental fish trade [9 , 10]. In addition, species such as Betta spp., 
Parosphromenus spp., Sphaerichthys spp., Rasbora spp., and Boraras spp. play crucial roles in 
regulating algae populations, maintaining ecosystem balance and serving as bioindicators of aquatic 
health [9,10]. Many of these species exhibit life cycle adaptations to fluctuating water levels and 
seasonal rainfall, synchronizing their reproduction and survival strategies with hydrological changes [11, 
12].  
 
Despite the high species diversity in blackwater ecosystems, most blackwater peat swamps are 
currently facing significant threats including urbanisation, deforestation and pollution which collectively 
jeopardise their ecological integrity [17]. These anthropogenic disturbances alter key water parameters 
such as pH, turbidity, and dissolved oxygen [18]. Thereby, complicating the effectiveness of traditional 
physical sampling methods that rely on the capture or handling organisms such as gill netting, 
electrofishing and visual surveys [18, 19]. Moreover, blackwater peat swamp habitats are highly 
sensitive to rainfall which affect water level, flow and sedimentation [21]. These dynamic conditions 
influence species presence and detectability which further limiting conventional sampling approaches. 
In contrast, the application of eDNA presents an adaptive alternative, capable of detecting species even 
in turbid or seasonally fluctuating waters [22]. This method has shown superior performance in terms of 
detection rates and accuracy, enabling more effective conservation strategies tailored to protect 
vulnerable aquatic communities [23].  
 
This technique facilitate rapid and efficient data collection which typically requiring less than 15 minutes 
from arrival to departure at a given site [15, 18]. A crucial step in the eDNA workflow is the capture 
phase, where filtration remains the most commonly employed method that involve the passage of water 
samples through a membrane to retain DNA fragments [25]. The efficiency of each step from filtration 
to extraction directly affects DNA yield and species detectability. The collected water samples in the 
field are transported in ice chests to the laboratory, filtered within 24 hours and subsequently frozen 
before processing [26]. The membranes used in the filtration of eDNA samples, such as polycarbonate 
(PC), nylon, glass fibre (GF), and mixed cellulose ester (MCE), vary not only in material composition but 
also in pore size, which plays a critical role in sample processing [27]. Since filter papers are composed 
of various materials, DNA is expected to exhibit differing binding affinities depending on the filter type 
[28]. Study by Liang [25] demonstrated that DNA binding varies across different filter papers. 
Furthermore, findings from previous studies suggest a potential interaction between filter paper type 
and extraction method, influencing overall DNA yield. Filters with pore sizes between 0.45 and 0.8 µm 
are commonly used for general sampling, effectively retaining most DNA fragments without clogging 
quickly [22 , 23]. Larger pores (e.g., 1.0 µm) allow for faster filtration but may reduce DNA capture 
efficiency while smaller pores (e.g., 0.22 µm) slow filtration but enhance retention of degraded eDNA, 
which are often more prevalent in aquatic environments [31].  
 
Extraction is the process of isolating and purifying DNA from environmental samples such as water, soil, 
and sediment which contain genetic material shed by organisms in the environment [32]. Cells or 
biological materials in the sample are disrupted to release DNA into the solution, which is accomplished 
using chemical agents or physical methods such as bead-beating or vortexing to break down cell walls 
and membranes. Certain samples like water require more intensive mechanical disruption to release 
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DNA [26 , 27]. Next, the bound DNA is eluted using a buffer solution that releases the DNA from the 
purification medium (e.g., silica or beads) into a clean, ready-to-use solution [31]. Generally, a larger 
volume of water sampled enables the detection of a greater number of species [35]. However, processing 
large amounts of water can be challenging because of long filtration times, difficult sample transportation 
or both [36]. Therefore, it is imperative to determine the appropriate sample volume.  
 
Therefore, the aim of this study was to evaluate the environmental DNA (eDNA) sampling techniques by 
examining the effect of water filtration volume on DNA detection in samples collected from a blackwater 
peat swamp in Dungun, Terengganu with consideration of hydrological factors. The results of this study 
are anticipated to offer insights into optimal filtration volumes for eDNA recovery in acidic and humic-rich 
blackwater environments. The outcomes reveal variations in DNA yield and detection success across 
different sample volumes, thereby providing guidance for future biomonitoring initiatives. These findings 
will contribute to the development of an enhanced, volume-sensitive protocol for eDNA sampling in 
blackwater systems and may support more precise biodiversity assessments and conservation strategies 
in vulnerable peat swamp habitats. 

 
Materials and Methods 
Collection of Water Samples from Blackwater Peat Swamp  
Water samples were collected from a blackwater peat swamp in Dungun, Terengganu, Peninsular 
Malaysia, between November and December of 2023 at (4°48′33″N; 103°20′59″E) (Figure 1) between 
9:00 a.m. and 2:00 p.m. to minimise fluctuations in water flow conditions and reducing potential 
variability in eDNA concentration [37]. Sampling was performed during non-precipitation hours to avoid 
sedimentation and debris accumulation on the filter membrane which maintain consistent filtration 
efficiency [38]. The sampling site was characterized by shallow and turbid water due to organic matter 
decomposition while the dense canopy covers limited sunlight penetration.  
 
Three substations were selected along the swamp, each located 50 meters apart: Station A (upper 
stretch), Station B (middle stretch), and Station C (lower stretch). At each substation, a  sterile 2L high-
density polyethylene (HDPE) container was submerged at the surface layer of the water column at each 
site to collect a representative sample [39]. Triplicates 2-liter water samples were collected from all 
stations within 4 hours. All water samples were labeled and immediately placed in an icebox at 0–4 °C 
to prevent eDNA degradation [7, 35].  

 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 1. Location of the eDNA sampling station at Jambatan Tok Kah, Dungun, Terengganu, Malaysia. 
The site is situated along Sungai Dungun with coordinates (4°48'33''N, 103°20'39''E) 
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Filtration and Preservation of Blackwater Peat Swamp Samples 
A field control consisting of 2L of sterile pure water was used at each site to monitor contamination from 
field equipment [41]. Filtration was performed using an oil-free vacuum pump (Rocker, Taiwan) with a 
pressure range of 200–400 mbar to balance flow rate and prevent filter clogging or loss of sample 
integrity. (Figure 2). A mixed cellulose ester (MCE) filter membrane (47 mm diameter, 0.45 µm pore 
size; Evergreen Engineering, Malaysia) was chosen for its efficiency in retaining eDNA while minimizing 
clogging [28]. 

 

 
 
Figure 2. Components of filtration system for blackwater peat swamp samples using oil-free vacuum 
pump 

 
 

Water samples were collected from three substations with 2L of surface water obtained at each location. 
Each 2L sample was filtered to produce five replicate filters, resulting in a total of 15 replicates and a 
cumulative filtered volume of 6L across all sampling sites. Each replicate represented a variable volume 
of filtered water, ranging from 300 mL to 480 mL, depending on the degree of particulate matter and 
filter clogging. The filter membrane was replaced when clogging was evident. Then, filter membrane 
was carefully removed using sterile forceps and rolled with the filtrate side inward as illustrated in Figure 
3. Forceps were disinfected in a 10% bleach solution followed by rinsing in sterile distilled water after 
each use to prevent cross-contamination [42]. All filter membranes were placed in sterile 1.5mL tubes 
(Eppendorf, Germany) and stored at −20 °C until DNA extraction [43]. 

 

 
    

Figure 3. Folding the MCE filter membrane with the filtrate side (usually brown) in using a sterile forceps 
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Extraction of Environmental DNA (eDNA) 
The DNeasy® Blood & Tissue Kit (Qiagen, Germany) was used for DNA extraction, following a modified 
protocol by Kawato [44]. The filter membrane was sectioned into small fragments using a sterile 
disposable scalpel (no 22, Swann Morton, UK) shown in Figure 4. These fragments were transferred 
into a 2.0mL microtube containing 220 µL PBS, 200 µL Buffer AL, and 20 µL proteinase K. The lid of 
microtube was securely closed and the contents thoroughly mixed by manual inversion. Subsequently, 
the microtubes were incubated at 56 °C for 2 hours in a microtube block (Eppendorf ThermoMixer®, 
Germany). An extended incubation time facilitates the breakdown of cellular components, thereby 
enhancing DNA release into the extraction buffer [45]. The microtubes were gently agitated at 30-minute 
intervals during the 2-hour incubation period.  Following incubation, the tubes were centrifuged at 15,000 
× g for 1 min to separate the lysate. Subsequently, 400 µL ethanol (96%–100%) was added, and 700 
µL of the mixture was transferred to a DNeasy mini spin column. The column was washed with 500 µL 
Buffer AW1 and AW2 and centrifuged at 6000 × g and 20,000 × g, respectively. DNA was eluted with 
80 µL Buffer AE after a final 1 min incubation at room temperature. The eluate was stored at −20°C until 
further analyses. One litre of sterile water as negative control in all processing steps to ensure no 
contamination of eDNA from external sources [46]. 
 

 
 

Figure 4. Fragmentation of a mixed cellulose ester (MCE) filter membrane using a sterilized scalpel and 
surgical blade for environmental DNA (eDNA) extraction 

 
 

Gel Electrophoresis and Environmental DNA (eDNA) 
Quantification 
The DNA concentration and purity were measured using a Nanodrop Lite Plus spectrophotometer 
(Thermo-Scientific, USA) at 260 and 280 nm absorbance (A260/A280) with values ranging between 1.8 
and 2.0 considered optimal for DNA samples. Deviations from this range were attributed to RNA 
contamination or degraded DNA [47]. Gel electrophoresis on 1% agarose gel at 80 V for 60 min was 
used to assess DNA integrity. Successful DNA isolation was confirmed by bright, intact bands above 
the 1 kb marker, indicating high molecular weight DNA [48]. 
 
Statistical Analysis 
All statistical analyses were performed using IBM SPSS Statistics 26 [49]. To assess the correlation 
between filtration volume and DNA concentration, the normality of the data was initially examined using 
the Shapiro-Wilk test, as the sample size, n < 50. The Shapiro-Wilk test evaluates whether the data 
significantly deviate from a normal distribution. If the test indicated a non-normal distribution (p < 0.05), 
a non-parametric approach was employed. Specifically, Spearman's rank correlation coefficient (ρ) was 
utilized to determine the strength and direction of the monotonic relationship between filtration volume 
and DNA concentration. 
 
The Spearman's rank correlation coefficient is calculated using the formula: 
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𝜌𝜌 = 1 −
6  ∑𝑑𝑑𝑖𝑖2

𝑛𝑛(𝑛𝑛2 − 1) 

Spearman's correlation coefficient (ρ) ranges from -1 to 1, where values closer to +1 or -1 indicate 
stronger positive or negative correlations, respectively. A two-tailed significance test was conducted to 
assess the statistical significance of the correlation [50]. 

 
Results and Discussion 
Water Sample Collection and Normality Test 
Table 1 presents a summary of the sampling stations, membrane designation, volume of water 
collected per station and volume of water filtered per replicate from the three blackwater peat 
swamp stations in Dungun, Terengganu. Notably, there was a variation in the volume of water 
successfully filtered per replicate, ranging from 300 mL to 480 mL across all stations (A, B and 
C). This variability may be attributed to the highly organic and humic nature of blackwater that 
causes membrane clogging [25]. Replicates from Station B which was located the middle 
stretch of the swamp recorded relatively high filtration volume, with two replicates (B1 and B2) 
reaching up to 480 mL indicating less clogging and possibly lower suspended solids [36]. 
Reduced membrane clogging enhances filtration efficiency by decreasing filtration time and 
permitting greater volumes of water to be processed for eDNA extraction [28, 51]. In contrast, 
replicates from Station C which were located at the lower stretch consistently yielded lowest 
volume at only 330 mL. This could be attributed to higher particulate matter which accelerate 
membrane saturation. The variation reflects the influence of microhabitat condition on eDNA 
sampling efficiency. In order to improve filtration success, Capo [52] recommended the 
utilization of 0.8 µm filters as the optimal choice for turbid, eutrophic and high fish density ponds 
as they achieve an effective balance between filtration efficiency and the likelihood of species 
detection. Hence, the need to balance between achieving adequate water volume and 
preventing filter saturation is critical for sampling consistency.  
.  
Table 1. Summary of sampling stations, membrane designations, volume of water collected (L) per 
station and volume of water filtered per replicates (mL) from blackwater peat swamp samples 
 

Sampling 
Station 

Membrane 
Designation 
(replicates) 

Volume of 
Water 

collected per 
station (L) 

Volume 
of water 
filtered 

per 
replicates 

(mL) 
A (Upper 
stretch) 

A1 2.0 420 
A2 420 
A3 420 
A4 370 
A5 370 

B (Middle 
stretch) 

B1 2.0 480 
B2 480 
B3 400 
B4 340 
B5 300 

C (Lower 
stretch) 

C1 2.0 460 
C2 450 
C3 400 
C4 360 
C5 330 

 
 

Table 2 presents the results of Spearman's rank correlation coefficient between volume of 
water filtered (mL) and DNA concentration (ng/μL). The Spearman's correlation coefficient (ρ) 
between volume of water filtered and DNA concentration is 0.809. Given that Spearman's ρ 
ranges from -1 to +1, this value indicates a strong positive correlation between the two 
variables. An increase in the volume of filtered water is associated with a higher DNA 
concentration. The p-value is 0.005, below the conventional significance threshold of 0.01. 
This result indicates that the correlation is statistically significant at the 0.01 level, suggesting 
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that the observed relationship is unlikely to be attributable to random chance, based on the 
sample size (n=10). The high correlation coefficient (ρ=0.809) by Spearman’s rank analysis 
support that filtering larger volumes of water may enhance DNA capture efficiency, likely due 
to the increased probability of collecting target DNA molecules. However, other factors 
environmental or technical factors such as DNA degradation rates, filtration efficiency and 
potential inhibitors in the water samples should be considered when interpreting these results 
[43].  

 
Table 2. Correlation analysis of water volume filtered and DNA yield using Spearman’s Rank 
test 
 
   Volume of 

water filtered 
(mL) 

Concentration of 
DNA (ng/μL) 

Spearman’s rho Volume of water 
filtered (mL) 

Correlation 
coefficient  
Sig. (2-tailed) 
N 

1.000 
0 
10 

0.809 
0.005 

10 

Concentration of 
DNA (ng/μL) 

Correlation 
coefficient  
Sig, (2-tailed) 
N 

0.809 
0.005 

10 

1.000 
0 
10 

Correlation is significant at the 0.01 level (2-tailed) 
 
 
Nanodrop Spectrophotometer-based Quantification of Genomic 
DNA 
DNA was successfully extracted from 10 out of 15 filter membranes (A = 4 membranes; B = 3 
membranes; C = 3 membranes) shown in Table 3. Most of the highest DNA concentrations were 
documented in Station B (B1: 480 mL, 32.00 ng/μL; B2: 480mL, 38.22 ng/μL), followed by Station C 
(C1: 460 mL, 14.00 ng/μL; C3: 400 mL, 11.00 ng/μL). The relationship between sampled water volume 
and eDNA concentration has been shown to exhibit variability in species detection. According to Mächler 
[53], increased sample volumes led to higher detection rates for macroinvertebrate species such as 
Anguilla fluviatilis and Baetis buceratus  which benefits from larger volume that suggest a minimum of 
1 L water required to be collected for optimal results. Similarly, Margaret [54] has discovered that 
increasing the filtered water volume by four times resulted in a 4.4X increase in target DNA yield. Higher 
eDNA yields were likely resulted from filtering larger water volumes containing organism-shed particles 
in the blackwater peat swamp which increase the chances of detecting DNA even in low-concentration 
environments [48 , 49].  

 
Table 3. Summary of sampling stations, membrane designations, volume of water filtered water per 
replicate (mL), DNA purity ratio (A260/A280) and DNA concentration from blackwater peat swamp 
samples 
 

Sampling station Membrane 
designation 
(replicates) 

Volume of water 
filtered per 

replicate (mL) 

DNA purity 
A260/A280 ratio 

Concentration of 
DNA (ng/μL) 

A A1 420 1.667 7.66 
A2 420 1.680 7.44 
A3 420 1.981 12.0 
A4 370 2.571 3.63 
A5 370 N/A N/A 

B B1 480 2.143 32.00 
B2 480 1.834 38.22 
B3 400 1.887 19.50 
B4 340 N/A N/A 
B5 300 N/A N/A 

C C1 460 2.0 14.00 
C2 450 1.942 9.10 
C3 400 1.849 11.00 
C4 360 N/A N/A 
C5 330 N/A N/A 

N/A: Not applicable  
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The higher DNA concentrations observed in replicates B1, B2 and B3 which were obtained from the 
middle stretch of the blackwater peat swamp may also be attributed to the moderate and consistent 
water flow within this area. This likely enhanced the transport and dispersal of eDNA throughout the 
water column. The finding of Wood [57] on the eDNA dynamics of Salmon salar juveniles further 
supports this statement with the concept of predictable plume behaviour, with eDNA initially 
concentrating in the midstream before being dispersed towards stream margins. A similar finding by 
Jeunen [7], reported that eDNA tends to concentrate in areas with minimal water movement such as the 
middle stretch of the swamp where conditions support higher concentrations. This aligns with our 
findings in the middle stretch of the blackwater swamp (Station B), where consistent water flow helps in 
maintaining a higher concentration of eDNA. In contrast with replicates C1, C2 and C3 from Station C 
which exhibited low DNA concentration which was likely due to dilution effects and stagnant water 
conditions at lower stretch of blackwater peat swamp. The accumulation of organic matter might interfere 
with eDNA preservation and detection, potentially contributing to the observed variations in DNA 
concentrations across replicates [58].  

 
However, Station A documented most of the lowest DNA concentrations (A3: 420 mL, 12.0 ng/μL; A1: 
420 mL, 7.66 ng/μL) despite filtration volumes exceeding 400 mL per replicate. This was presumably 
influenced by site-specific hydrological and ecological conditions. Station A, located in the upper stretch 
of the blackwater peat swamp features by slow and intermittent water flow that lead to spatially uneven 
distribution of eDNA and localized accumulation zones [51 , 52]. Additionally, the upper stretch of 
blackwater peat swamps is characterized by low dissolved oxygen levels, which limit the presence of 
oxygen-sensitive taxa such as certain cyprinids and labyrinthine gouramies (e.g., Boraras spp., 
Trichogaster spp.) that typically inhabit more oxygen. In this study, replicate A5 has the same filtered 
volume as replicate A4 (370 mL) but no DNA detected possibly due to the inherently stochastic 
distribution of extracellular DNA at low concentrations [2]. This phenomenon also occurs in five 
membranes (A5, B4, B5, C4, C5) where no DNA were successfully detected using Nanodrop 
spectrophotometer. Bottle neck effect occurs when actual number of target DNA molecules is very low, 
even slight differences in sampling or pipetting can lead to detection in one replicate and not the other 
[54]. Additional factors including variability in filtration such as particulate matter interfere with how 
consistently DNA is retained across filters and sample-specific degradation may also contribute to 
detection discrepancies as similarly reported by [51, 52]. Hence, filtering larger water volumes may be 
beneficial for increased eDNA yield depending on the experimental system, as it accounts for the 
stochastic properties of source water containing only minute amounts of eDNA and improves the 
precision of detection estimates [54].  
 
Meanwhile, the A260/A280 ratio that used in nucleic acid quantification to evaluate the presence of 
contaminants has observed six of the membranes had ratios ranging from 1.8 to 2.0 (A3: 1.981, B2: 
1.834, B3: 1.887, C2: 1.942, C3: 1.849, and C2: 2.0) indicating high purity of genomic DNA [63]. This 
demonstrated that cutting the MCE filter membrane into smaller fragments was crucial in extraction 
protocol. This is due to the filter matrix possesses a three-dimensional fibre network capable of capturing 
significant particulate matter, including eDNA-containing biological cells, within its porous structure, 
entrapping eDNA within the matrix rather than solely on its surface [37 , 40]. This fragmentation also 
effectively increases the surface area available for reagent interaction, thus facilitating reagent 
penetration into the filter [58 , 59]. Additionally, extending the incubation period of MCE fragments in the 
lysis buffer ensures the complete breakdown of cellular structures, thereby maximising eDNA release 
[66]. Two samples exhibited elevated A260/A280 ratios of 2.143 (B1) and 2.571 (A4), which could be 
due to RNA contamination, DNA degradation, or the presence of contaminants like polyphenols [47]. 
RNA contamination is common in eDNA extractions. As RNA absorbs more strongly at 260 nm than 
DNA, this may have caused the elevated ratio. In addition, DNA degradation can also cause an elevated 
ratio, as the breakdown of DNA may alter its absorption characteristics [67]. In addition, contaminants 
may also be introduced through direct contact with non-sterile surfaces, cross-contamination between 
samples, or environmental factors such as airborne particles and microorganisms, thereby compromising 
the integrity of eDNA extraction [5 , 62]. 
 
Visualization of Genomic DNA by Agarose Gel Electrophoresis  
Gel electrophoresis was performed to assess the quality and integrity of the extracted genomic DNA. 
This technique allows for the separation of DNA fragments based on size which aids in evaluating the 
purity and overall integrity of the DNA sample [69]. Figure 5 shows 10 bands that appeared above the 
top band of the 1 kb ladder which corresponds to DNA fragments larger than 10,000 base pairs (bp). 
This result indicates that the extraction yielded intact and high molecular weight DNA from the samples. 
Particularly, lanes B1 and B2 which corresponded to DNA concentrations of 32.00 ng/μL and 38.22 
ng/μL respectively, displayed the brightest and most well-defined bands. Thus, suggesting that these 
samples were of high quality and had undergone effective DNA extraction [28]. These findings highlight 
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the importance of an efficient DNA extraction protocol to ensure effective cell lysis and purification while 
enabling the recovery of high-quality DNA from the captured material. [70]. Removing inhibitors such as 
humic acids and tannins from environmental samples are crucial to avoid interference with DNA 
migration and to preserve intact genomic DNA, resulting in bright bands on gel electrophoresis [71]. 
Additionally, high eDNA yields were likely result from filtering larger water volumes containing organism-
shed particles in the blackwater peat swamp, increasing the chances of detecting DNA even in low-
concentration or dispersed environments [1, 49]. However, filtering larger volumes may pose technical 
challenges including an increased risk of contamination and potential eDNA degradation due to 
prolonged filtration time. [72]. Hence, the appropriate volume of filtration samples should be determined 
considering those difficulties and risks: the 2-L filtration of blackwater peat swamp from Dungun, 
Terengganu have been demonstrated to be suitable in the present study.  
 
The faint bands observed in lanes B3, A1, A2 and A4 suggest low DNA yields, which may be due to 
inhibitors or challenges inherent in extracting eDNA from complex environmental matrices like 
blackwater peat swamp [73]. The complex matrices such as water, soil or sediment can occasionally 
provide low levels of DNA, especially if the target organisms are few or there is severe degradation 
owing to environmental conditions such as UV exposure and microbial activity [66 , 67]. Notably, lane 
B3 exhibited a fainter band than lane C3 despite having a higher DNA concentration of 19.5 ng/μL. This 
observation suggests that the DNA in B3 may have been fragmented or partially degraded, while the 
brighter band in C3 indicates better genomic DNA integrity even with a lower measured concentration. 
Similar findings were reported by Hunter [54], where high spectrophotometric DNA readings did not 
always correspond to intact DNA, as degradation often results in faint or smeared bands in gel 
electrophoresis. Meanwhile, the absence of a band in the negative control lane indicates the absence 
of contamination and non-specific amplification. This is essential to validate the reliability and accuracy 
of the electrophoresis analysis and ensures that the observed bands in the experimental lanes are 
specific to the eDNA extracted from the water samples [76]. 
 

 
 
 

Note: C1; 460 mL, C2; 450 mL, C3; 400 mL, B1; 480 mL, B2; 480 mL, B3; 400 mL, A1;420 mL, A2; 420 mL, A3; 420 
mL, A4; 370 mL 
 
Figure 5. Successful genomic eDNA visualisation of water samples from 3 stations (A, B, and C) following volume of 
water filtered.  
 
 

The findings from this study are comparable to the study by Nur [48] which utilized freshwater sample 
(Table 4). In the present study, Sample 1 (32.00 ng/μL) and Sample 2 (38.22 ng/μL) from the blackwater 
peat swamp exhibited higher DNA concentrations compared to Sample 1 (27.80 ng/μL) and Sample 2 
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(15.90 ng/μL) from the freshwater ecosystem. This difference is primarily attributed to difference in the 
volume of water filtered between these ecosystems. The larger water volume processed from 
blackwater swamp samples (480 mL for Sample 1 and Sample 2) compared to freshwater samples (200 
mL) likely enhanced DNA recovery, leading to higher measured concentrations. Increased water volume 
improves the probability of capturing environmental DNA (eDNA), particularly in ecosystems where DNA 
may be heterogeneously distributed or susceptible to rapid degradation [77]. Additionally, the DNA purity 
values (A260/A280 ratios) for most freshwater samples exceeded 2.0, indicating potential contamination 
or impurities compared to the blackwater peat swamp samples. This discrepancy may be attributed to 
insufficient incubation time during the lysis buffer step, which could have resulted in incomplete cell 
disruption and inefficient removal of contaminants [78]. As a result, incomplete lysis may lead to higher 
A260/A280 and A260/A230 ratios due to the presence of residual proteins, phenolic compounds, or 
polysaccharides, ultimately affecting DNA purity [70]. 

 
Table 4. Summary of sampling stations, site descriptions, membrane designations, filtered water 
volume, purity ratio (A260/A280), and DNA concentration from blackwater peat swamp samples 
 

 Volume of water filtered (mL) DNA concentration (ng/μL) 
DNA Purity 
(A260/280) 

Sample 
source 

Blackwater 
peat swamp Freshwater 

Blackwater 
peat swamp Freshwater 

Blackwater 
peat swamp Freshwater 

Sample 1  480 200 32.00 27.80 2.143 2.17 
Sample 2  480 200 38.22 15.90 1.843 2.30 
Sample 3  300 200 N/A 6.91 N/A 1.77 
Sample 4  370 200 3.63 26.78 2.571 2.74 

Note: N/A = Not applicable  
 

Conclusions 
 
This study confirms that eDNA concentration is significantly influenced by the volume of water filtered, 
with a strong positive Spearman's correlation coefficient indicating that larger filtered volumes lead to 
higher DNA concentrations. High DNA purity was observed in most samples, though some deviations 
suggest potential RNA contamination or degradation. Gel electrophoresis supported these findings by 
showing brighter DNA bands in samples with higher filtration volumes. Thus, reinforcing the positive 
relationship between sample volume and DNA yield. However, certain sample replicates with higher 
water volumes showed lower eDNA concentrations likely due to hydrological factors such as water flow 
and discharge rates which can influence eDNA distribution. These results highlight the importance of 
optimised sampling strategies and standardised protocols to improve eDNA-based ecological monitoring 
and species detection, particularly for rare or elusive organisms. Future studies should explore potential 
thresholds beyond which increasing the filtered volume no longer enhances DNA yield, as well as the 
effects of environmental factors like turbidity and microbial activity on eDNA concentration. Implementing 
best practices in eDNA sampling will enhance data reliability and contribute to more effective biodiversity 
conservation efforts.  
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